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ABSTRACT - The analysis of invertebrate shell microstructures by Scanning Electron Microscope (SEM) is a method easily available to 
most palaeontologists and geochemists; sample preparation does not require specialised techniques or instruments but it requires attention to 
detail in order to capture microstructural information invaluable to researchers in different fields of palaeontology. Herein, several tests were 
performed on recent and fossil brachiopod shells, excellent archives of ecological/palaeoecological and climatological/palaeoclimatological 
information, experimenting new and old methodologies in order to identify a general protocol to better highlight and analyse the shell 
biocomposite. The results of these tests are documented by SEM images. For recent brachiopod shells, we analysed seven specimens belonging 
to the species Liothyrella uva and Liothyrella neozelanica, respectively collected from Antarctica and New Zealand. We carried out several 
tests to check the response of the shell fabric to the resin used to embed the valves before cutting (Procedures 1b and 2c) and to different 
times of exposure to hydrochloric acid (Procedure 1a); as the presence of the organic matrix in recent shells represents the main obstacle to 
obtaining high quality images at the SEM, to remove it we used bleach (Procedure 2a) and hydrogen peroxide (Procedure 2b) with different 
concentrations and times of exposure. We then analysed two fossil specimens of Terebratula scillae collected from a lower Pleistocene 
succession in Northern Italy; here, we mainly checked the degree of penetration of the resin into the shell substance, embedding (Procedure 
3a) vs not embedding (Procedure 3b) the specimens before cutting them. We show that Procedures 2a and 2b (embedding in the resin, bleach 
and hydrogen peroxide at the highest time of exposure, hydrochloric acid for 3 seconds) are the best methods to use when preparing recent 
brachiopods, whereas fossil shells should be subject to Procedure 3b (embedding in the resin, hydrochloric acid for 15 seconds).

RIASSUNTO - [Quale è il metodo migliore per preparare le conchiglie di invertebrati per l’analisi al SEM? Un esempio di sperimentazione 
di diverse tecniche su esemplari recenti e fossili di brachiopodi] - L’analisi delle microstrutture delle conchiglie di invertebrati al microscopio 
elettronico a scansione (SEM) è un metodo facilmente disponibile alla maggior parte dei paleontologi; la preparazione dei campioni non 
richiede tecniche o strumenti di difficile reperibilità e fornisce numerose informazioni utili in diversi campi della paleontologia. Tuttavia, 
in letteratura sono presenti pochi lavori che descrivono in modo esaustivo i metodi di preparazione delle conchiglie per l’analisi al SEM.

In questo lavoro abbiamo eseguito diversi test su conchiglie recenti e fossili di brachiopodi (Ordine TerebraTulida), i quali sono eccellenti 
archivi di informazioni ecologiche/paleoecologiche e climatiche/paleoclimatiche; abbiamo sperimentato nuove e vecchie metodologie al fine 
di identificare un protocollo generale per meglio evidenziare e analizzare la microstruttura delle conchiglie; i risultati di ciascuna di queste 
prove sono stati documentati con immagini al SEM. Per quanto riguarda le conchiglie di brachiopodi recenti, abbiamo analizzato sette 
esemplari appartenenti a Liothyrella uva e Liothyrella neozelanica, rispettivamente raccolti in Antartide e Nuova Zelanda. Abbiamo condotto 
diversi test per verificare la risposta del fabric delle conchiglie alla resina utilizzata per incorporare le valve prima del taglio (Procedure 1b 
e 2c) e a diversi tempi di esposizione all’acido cloridrico (Procedura 1a; 0, 3, 15 e 30 secondi di immersione della conchiglia nell’acido). 
La presenza della matrice organica nei brachiopodi recenti rappresenta il principale ostacolo per ottenere immagini di alta qualità al SEM; 
essa si manifesta sotto forma di copertura e/o filamenti che impediscono di ottenere immagini chiare delle microstrutture delle conchiglie. Per 
rimuovere la matrice organica abbiamo utilizzato candeggina diluita (Procedura 2a) e perossido di idrogeno (Procedura 2b) con differenti 
concentrazioni e tempi di esposizione (candeggina 5% v/v per due ore e un giorno, perossido di idrogeno 36 volumi per due ore e un giorno, 
12 volumi per uno e tre giorni). Inoltre, abbiamo analizzato due esemplari fossili di Terebratula scillae provenienti da una successione del 
Pleistocene inferiore nel Nord Italia; in questo caso, abbiamo verificato principalmente il grado di penetrazione della resina all’interno 
delle conchiglie, inglobando (Procedura 3a) o meno (Procedura 3b) gli esemplari prima del taglio. I risultati ottenuti dai diversi test hanno 
potuto dimostrare che le Procedure 2a (inclusione nella resina, candeggina per un giorno, acido cloridrico per 3 secondi) e 2b (inclusione 
nella resina, perossido di idrogeno 36 volumi per un giorno o 12 volumi per tre giorni, acido cloridrico per 3 secondi) sono i metodi migliori 
da utilizzare durante la preparazione degli esemplari recenti, mentre le conchiglie fossili dovrebbero essere preparate con la Procedura 3b 
(inclusione nella resina, acido cloridrico per 15 secondi).

INTRODUCTION

The analysis of shell and skeleton microstructures 
by Scanning Electron Microscope (SEM) is a method 
easily available to most palaeontologists, and the sample 
preparation does not require specialised techniques or 
instruments. If used more widely, it could increase the 
knowledge of the different fabrics that compose the 
mineralised parts of marine and terrestrial organisms, 

providing additional information for systematics and 
leading to increased comprehension of evolutionary 
taxonomy (e.g., Carter, 1990) and biomineralisation 
processes (e.g., Weiner, 2008).

Also, the study of the microstructure at the SEM level 
represents one of the most used methods to verify the 
presence of diagenetic alteration in fossil shells/skeletons 
prior to geochemical analysis. The geochemical signatures 
recorded in shells of marine invertebrates are widely used 
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for climatic and environmental reconstructions, both in 
recent and deep time specimens (e.g., Mii & Grossman, 
1994; Veizer et al., 1999; Schöne et al., 2005; Angiolini 
et al., 2009, 2012; Ivany & Runnegar, 2010; Brand et al., 
2011). Brachiopods are among the best tools for this kind 
of analysis. Although they are not abundant in recent seas 
and oceans, where they are mainly represented by the 
Order TerebraTulida (Brand et al., 2003), they were the 
dominant group during the Palaeozoic; in precipitating 
their low-magnesium calcite shells in isotopic equilibrium 
with ambient seawater (e.g., Lowenstam, 1961; Carpenter 
& Lohmann, 1995; Brand et al., 2003; Parkinson et al., 
2005; Brand et al., 2011, 2013), they are excellent archives 
of past seawater temperature and ocean chemistry (e.g., 
Clark et al., 2016). However, as diagenetic processes may 
alter their original geochemical composition, it is important 
to check, by screening tests, if the shell is pristine and thus 
exclude phenomena of diagenetic alteration, which could 
modify the results of the geochemical analyses (e.g., 
Samtleben et al., 2001; van Geldern et al., 2006; Angiolini 
et al., 2009; Brand et al., 2011; Garbelli et al., 2012). 
Diagenetic alteration occurs in the shells in the form of 
recrystallisation, amalgamation and/or dissolution of the 
original fabric (e.g., Angiolini et al., 2009; Brand et al., 
2011; Garbelli et al., 2012). Also, recently, it has been 
shown that the fabric of the shell may control the isotopic 
composition (Garbelli et al., 2014, 2016), so that it is not 
possible to interpret geochemical data if the microstructure 
is not shown nor known.

To better understand the fabric of fossil shells and 
the numerous information derived by its analysis, it is 
necessary to study in detail the microstructure of recent 
brachiopod shells, which are supposed to be pristine. One 
of the major problems in dealing with recent brachiopod 
fabrics is the presence of the organic matrix (OM) 
within the shell, that is predominantly composed by a 
mixture of proteins, glycoproteins, proteoglycans and 
polysaccharides (e.g., Immel et al., 2015). Terebratulid 
brachiopods have usually a three layered mineralised 
shell (primary, secondary and tertiary layers). The OM is 
mainly present as organic sheaths around the fibers that 
composed the secondary layer (intercrystalline matrix) 
and within the punctae in punctate brachiopods, such are 
terebratulids (Gaspard, 2007; Pérez-Huerta et al., 2009); 
intracrystalline OM has also been observed (Cusack et al. 
in Williams et al., 1997; Schmahl et al., 2012). Compared 
to the secondary, the primary and tertiary layers have a 
lower organic content; in fact, no definite organic sheet 
between the tertiary prisms or primary crystallites has been 
observed (Williams et al., 1997).

The removal of the OM or the fixing with organic 
compound, as glutaraldehyde (Williams, 1970; Gaspard 
et al., 2007; Schmahl et al., 2012; Immel et al., 2015), is 
therefore essential to obtain clear and distinct images of the 
mineralised shell fabric of recent brachiopods at the SEM. 
The problem does not arise in the case of fossil shells, as 
the intercrystalline OM is generally not preserved.

Although cleaning is a fundamental step to prepare the 
shells for the SEM, the procedure did not receive much 
attention in the past literature. In the majority of the papers, 
the authors did not mention the cleaning steps or described 
only in a few sentences the procedure performed, without 
being too exhaustive and precise about the concentration 

of the solution used or the timing of each step (see next 
paragraph - state of the art).

The aim of this paper is to identify a general protocol 
for the preparation of recent and fossil brachiopod shells 
for the study at the SEM; we aim to document the effects 
that the different solutions used for the preparation have 
on the shells, focusing on the removal of the OM to 
highlight the mineralised fabric. To achieve this goal we 
test different strategies in order to detect which is the best 
method to use.

BRACHIOPOD SHELL PREPARATION TECHNIQUES: 
STATE OF THE ART

As observed above, only a few papers concerning 
brachiopod shell preparation techniques are present 
in the past literature. In several studies, dealing with 
the microstructure of recent brachiopods, the methods 
followed to prepare the shells are briefly illustrated, 
although the description of the procedures is not 
sufficiently exhaustive. Here, we present an overview of 
the preparation techniques employed by previous authors.

To reveal the microstructure of recent specimens of 
Gryphus vitreus (Born, 1778) from the Gulf of Naples 
(Italy), Taddei Ruggiero (1983) first cleaned the shells 
with hydrogen peroxide (36 volume solution) to remove 
the OM, then rinsed them with distilled water and put 
them in an ultrasonic bath. Cleaned shells were embedded 
in araldite resin and sectioned, smoothed with 1800 SiC 
(Silicon Carbide) powder, etched with 10% hydrochloric 
acid (HCl) for 10 seconds and washed with distilled water.

Also Benigni (1985) cleaned shells of Gryphus vitreus 
from Tuscany (Italy) with hydrogen peroxide, although 
the concentration used is not indicated. In contrast to 
Taddei Ruggiero (1983), who embedded the shells in 
araldite, Benigni (1985) put them in an ice cube and cut 
them in a low temperature environment with a thin blade 
saw; after having cut the shells, they were cleaned with 
hydrogen peroxide.

As an alternative to hydrogen peroxide, Curry et al. 
(1991), Parkinson et al. (2005) and Cusack et al. (2008) 
employed bleach to remove the OM. Curry et al. (1991) 
cleaned the shells by incubating them for two hours at 
22°C in an aqueous solution of bleach (5% by volume) 
to remove surface contaminants and remnants of body 
tissue. Parkinson et al. (2005) and Cusack et al. (2008), 
instead, after having disarticulated the valves, removed 
the remaining soft tissues with dental tools. Shells were 
then cleaned in an ultrasonic bath with diluted commercial 
bleach to assist in the removal of OM and foreign particles; 
after 30 minutes, they were rinsed with distilled water. 
Following these steps, Parkinson et al. (2005) cut the 
shells using a diamond saw and set them in epoxy resin; 
in the end, they polished and etched the sections using 
0.1M HCl for 30 seconds.

Other authors (e.g., Schmahl et al., 2004; Goetz et 
al., 2009, 2011; Griesshaber et al., 2010) cut the shells 
embedded in epoxy resin, carefully polished the obtained 
sections (with diamond paste or powder abrasive), and 
removed the mechanically disturbed surface layer by 
etch-polishing with an acidic suspension of alumina 
nanoparticles for 45 seconds. 
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Recently, Zaky et al. (2015) tested different sample 
processing protocols for Rare Earth Element (REE) 
analyses, which, although not specifi cally devised for SEM 
analyses, could be helpful for the removal of the organic 
matrix within the shells. The authors affi rmed that the best 
way to prepare the specimens is to: 1) wash with distilled 
water, 2) clean by immersion in 2.5% hydrogen peroxide for 
three continuous days, 3) physically remove the remaining 
organic tissue, 4) etch with 10% hydrochloric acid and 5) 
rinse with distilled/deionized water and air dried.

To be noted that many authors (e.g., Williams, 1970; 
Gaspard et al., 2007; Schmahl et al., 2012; Immel et 
al., 2015) fixed the OM with chemical solutions, as 
glutaraldehyde, after the shell etching and prior to gold 
coating for SEM.

For fossil brachiopod shells the preparation is simpler 
with respect to that of recent ones and there is an informal 
agreement among the authors on the protocol to follow; 
as the OM is usually not preserved, techniques to remove 
it or fi x it are not necessary. The procedure described by 
several authors (e.g., Samtleben et al., 2001; Angiolini 
et al., 2009; Garbelli et al., 2012; Zaky et al., 2015) 
consists in embedding the specimens in resin (before or 
after having cut them), smoothing with SiC  powder of 
different granulometry and etching with 5% HCl for 15-
20 seconds, followed by rinsing with distilled/deionised 
water and drying.

MATERIALS AND METHODS

We analysed seven recent terebratulid specimens 
belonging to Liothyrella uva (Broderip, 1833) and 

Liothyrella neozelanica (Thomson, 1918) (Fig. 1; Tab. 1). 
The material is housed in the Dipartimento di Scienze della 
Terra “A. Desio” and registered with reference numbers 
consisting of a prefi x MPUM followed by a fi ve digit 
number (see Tab. 1). One articulated specimen (LUV, 
LUVT, LUD), three ventral [(LUH1, LUH1-D, LUH1-E, 
LUH1-F), LUH2, (LU-A, LU-U)] and one dorsal (LUH3) 
valves belonging to Liothyrella uva were collected from 
Trolval Island, Ryder Bay, Antarctica (67°35.44′ S, 
68°12.44′ W) and from Signy Island, Antarctica (60°43’S, 
45°36’W) (courtesy L. Harper and M. Cusack). Two 
articulated specimens [(LN, LN-A, LN-U, LND1, LND2, 
LND3, LND4, LND5, LND6), (LZ, LZ-A, LZ-P, LZ-C)] 
belonging to Liothyrella neozelanica have been sampled 
from Doubtful Sound, New Zealand (45° 18” S, 166° 58’ 
45” E) (courtesy L. Angiolini).

For comparison with fossil equivalents, we have also 
analysed two articulated specimens (STG4-1, STG4-2) 
belonging to Terebratula scillae (Seguenza, 1871), a 
terebratulid species collected from the lower Pleistocene 
marine succession outcropping along the Stirone River 
(Salsomaggiore Terme, Northern Italy; 44°50’39.9’’N, 
9°58’56.6’’E) (Fig. 1; Tab. 1).

Valves were manually disarticulated and the pedicle 
and soft tissue were removed using tweezers. We carried 
out several tests to check the response of the shell mineral 
fabric to: a) the resin used to embed the valves before 
cutting and b) different times of exposure to hydrochloric 
acid, hydrogen peroxide (H2O2) and bleach (Tab. 1). After 
each test the samples were gold coated and observed at 
the SEM Cambridge S-360 with lanthanum hexaboride 
(LaB6) cathodes at the Dipartimento di Scienze della Terra 
“A. Desio”, University of Milan (Italy).

Fig. 1 - Map with the position of the specimens analysed in this paper. 1) Liothyrella uva (Broderip, 1833), Recent, Trolval Island, Ryder 
Bay and Signy Island, Antarctica; 2) Liothyrella neozelanica (Thomson, 1918), Recent, Doubtful Sound, New Zealand; 3) Terebratula scillae 
(Seguenza, 1871), early Pleistocene, Stirone Section, Northern Italy.
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Species ID number Valve No
embedding Resin

HCl Bleach H2O2 (12 VOL) H2O2 (36 VOL)

0 s 3 s 15 s 30 s 2 h 1 d 1 d 3 d 2 h 1 d

L. uva LUVT (MPUM 11559) ventral1 X X

LUV (MPUM 11560) ventral1 X X

LUD (MPUM 11561) dorsal1 X X

L. uva LUH1-D (MPUM 11562) ventral2 X X X

LUH1-E (MPUM 11563) ventral2 X X X

LUH1-F (MPUM 11564) ventral2 X X X

LUH1 (MPUM 11565) ventral2 X X X

L. uva LUH2 (MPUM 11566) ventral X X X

L. uva LUH3 (MPUM 11567) dorsal X X X

L. uva LU-A (MPUM 11568) ventral3 X X X

LU-U (MPUM 11569) ventral3 X X X

L. neozelanica LN (MPUM 11570) ventral4 X X

LN (MPUM 11570) ventral4 X X

LN (MPUM 11570) ventral4 X X

LN (MPUM 11570) ventral4 X X

LN-A (MPUM 11571) ventral4 X X X

LN-U (MPUM 11572) ventral4 X X X

LND1 (MPUM 11573) dorsal4 X X X

LND2 (MPUM 11574) dorsal4 X X X

LND3 (MPUM 11575) dorsal4 X X X

LND4 (MPUM 11576) dorsal4 X X X

LND5 (MPUM 11577) dorsal4 X X X

LND6 (MPUM 11578) dorsal4 X X X

L. neozelanica LZ (MPUM 11579) articulated X X

LZ-A (MPUM 11580) articulated X X X

LZ-P (MPUM 11581) articulated X X X

LZ-C (MPUM 11582) articulated X X X

T. scillae STG4-1 (MPUM 11583) articulated X X

STG4-1 (MPUM 11583) articulated X X

STG4-2 (MPUM 11584) articulated X X

STG4-2 (MPUM 11584) articulated X X

Tab. 1 - Table reporting the different tests performed on recent and fossil brachiopod valve sections. In some cases, more than one test was 
performed along the same section (LN, STG4-1, STG4-2). Test chemicals used were hydrochloric acid (5 % HCl), bleach (5 % v/v) and 
hydrogen peroxide [H2O2 - 36 volume (11%), 12 volume (3.6%)] with durations ranging from seconds (s) to hours (h) to days (d). 1ventral 
(LUVT, LUV) and dorsal (LUD) valves of the same articulated specimen; 2LUH1-D, LUH1-E, LUH1-F and LUH1 belong to the same ventral 
valve; 3LU-A and LU-U belong to the same ventral valve; 4ventral (LN, LN-A, LN-U) and dorsal (LND1, LND2, LND3, LND4, LND5, 
LND6) valves of the same articulated specimen.

EXPLANATION OF PLATE 1

SEM images of specimens prepared with Procedure 1a, not embedded in the resin. The main purpose of this technique is to show the effect of 
the hydrochloric acid with different times of shell etching. All the photos represent sections of a ventral valve of Liothyrella neozelanica (LN).

Fig. 1 - No HCl treatment; SiC residues remain on the valve surface masking the fabric. 
Figs 2-4 - HCl for 3 seconds; the surface is clean from SiC residues; the OM is clearly visible around the fibers of the secondary layer (Figs 

3-4). In the tertiary layer (Fig. 2), residues of OM have not been observed.
Figs 5-6 - HCl for 15 seconds, corrosion appears on the surface of the fibers.
Figs 7-8 - HCl for 30 seconds, the fibers are corroded; note the sheaths of OM around the fibers.
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Recent shells
proCedure 1: no eMbedding and HCl effeCT. Valves 

of Liothyrella neozelanica (LN, LN-A, LN-U) were cut 
using a low speed saw with a thin diamond blade; obtained 
sections were glued to a glass support, smoothed manually 
using 400 and 1000 SiC (Silicon carbide) powder and 
carefully washed with water to remove SiC remains.

Procedure 1a: HCl effect. The sections (LN) were 
etched with 5% HCl for different times of exposure (0, 
3, 15 and 30 seconds) and then immediately rinsed with 
abundant water to stop the effect of the acid (Pl. 1, figs 
1-8; Pl. 4, figs 1, 8).

Procedure 1b: H2O2 treatment. Valve sections (LN-A, 
LN-U) were treated with 36 volume H2O2 for one day 
and HCl for 3 seconds (Pl. 3, figs 14, 16; Pl. 4, figs 2, 6).

After the treatment with HCl, the sections were 
carefully dried with compressed air, paying attention to 
not damage the microstructure emphasized by the acid.

proCedure 2: araldiTe sHell eMbedding. All the other 
specimens of Liothyrella uva and Liothyrella neozelanica 
were embedded in a transparent bicomponent epoxy resin 
(Araldite DFB + hardener HY956, in proportion 10:1 
or 8:2) before being cut; once the resin was solidified, 
the shells were cut using a low speed saw with a thin 
diamond blade. First, the valves were cut longitudinally, 
and then transversally in order to have more shell sections 
of the same valve where to test the different preparation 
techniques. We then checked which is the best method to 
remove the organic matrix within the shells, using bleach 
(Procedure 2a) or hydrogen peroxide (Procedure 2b), as 
illustrated hereafter.

Procedure 2a: Bleach. Sections of L. neozelanica and 
L. uva were immersed in diluted commercial bleach (5% 
v/v) respectively for two hours (LND3, LUH1-F) and 
one day (LND4, LND5, LND6); subsequently they were 
rinsed with distilled water (Pl. 2, figs 1-8).

Procedure 2b: Hydrogen peroxide. Sections of L. uva 
and L. neozelanica were immersed in hydrogen peroxide 
with different concentrations for different time intervals: 
a) 36 volume (11%) H2O2 for two hours (LUH1, LUH2, 
LUH3) and for one day (LU-A, LU-U, LZ-A, LZ-P, LZ-
C) (Pl. 3, figs 5-8, 13; Pl. 4, fig. 5); b) 12 volume (3.6%) 
H2O2 for one day (LUH1-D, LND2) and for three days 
(LUH1-E, LND1) (Pl. 3, figs 9-12, 15; Pl. 4, fig. 3). 
Sections were then rinsed with distilled water.

Procedure 2c: No treatment. Some sections of L. uva 
and L. neozelanica were only embedded in the resin without 
any treatment with HCl (LUD) (Pl. 3, fig. 1), bleach or H2O2 
(LUV, LUVT, LUD, LZ) (Pl. 3, figs 1-4, 16; Pl. 4, figs 4, 7).

After the treatment with bleach (Procedure 2a) vs 
hydrogen peroxide (Procedure 2b) vs in absence of any 
treatment (Procedure 2c), the sections were smoothed with 
an automatic grinding machine using 400 SiC powder and 
then manually with 1000 SiC powder. They were carefully 
washed with water to remove SiC remains, etched with 5% 
HCl for 3 seconds and immediately rinsed with abundant 
water to stop the effect of the acid; finally, sections were 
dried with compressed air, being careful not to damage 
the microstructure highlighted by the acid.

Fossil shells
As fossil shells usually do not contain OM, they do 

not need to be treated with bleach or hydrogen peroxide. 

EXPLANATION OF PLATE 2

SEM images of specimens of Liothyrella uva and L. neozelanica prepared with diluted commercial bleach (Procedure 2a).

Figs 1-4 - Resin, bleach for two hours; the shells are not clean from the OM. Note in Fig. 2 that the OM is more evident around fibers in 
transversal section than in oblique/parallel ones (Figs 1-2: LND3; Figs 3-4: LUH1-F). 

Figs 5-8 - Resin, bleach for one day; OM seems dissolved (Fig. 5: LND5; Figs 6-8: LND4).

EXPLANATION OF PLATE 3
(on two pages)

SEM images of specimens of Liothyella uva and L. neozelanica prepared with Procedure 1b (Figs 14, 16), 2b (Figs 5-13, 15) and 2c (Figs 
1-4). Figs 13-16 want to highlight the fiber dissolution caused by H2O2 used at high concentrations.

Fig. 1 - Resin, no HCl and H2O2 treatment; SiC residues on the valve surface mask the fabric (LUD). 
Figs 2-4 - Resin, no H2O2 treatment; OM is present around the fibers of the secondary layer (Figs 2-3: LUV; Fig. 4: LZ).
Figs 5-6 - Resin, 36 volume (11%) H2O2  for two hours; the content in OM decreases due to the H2O2 treatment, but the shell is not clean 

(Fig. 5: LUH1; Fig. 6: LUH2).
Figs 7-8 - Resin, 36 volume (11%) H2O2 for one day; OM is dissolved; however, dissolution appears on the fiber surface (LU-A).
Figs 9-10 - Resin, 12 volume (3.6%) H2O2 for one day; the shell is not completely free of OM (Fig. 9: LND2; Fig. 10: LUH1-D).
Figs 11-12 - Resin, 12 volume (3.6%) H2O2 for three days; OM is dissolved, but dissolution is present on the fiber surface (LUH1-E).
Fig. 13 - Resin, 36 volume (11%) H2O2 for one day; dissolution and breakage of the fibers (LZ-P).
Fig. 14 - No resin, 36 volume (11%) H2O2 for one day; dissolution of the fiber surface due to the high concentration of H2O2 (LN-U). 
Fig. 15 - Resin, 12 volume (3.6%) H2O2 for three days; the surface of each fiber is dissolved in correspondence of the attachment sites 

of the OM (LUH1-E). 
Fig. 16 - No resin, 36 volume (11%) H2O2 for one day; the primary layer is not affected by H2O2 dissolution (LN-U).
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Instead, we checked the degree of penetration of the 
araldite resin into the shell substance from the section. 
We prepared the shells of T. scillae (STG4-1, STG4-2) 
following two procedures: with (Procedure 3a, Pl. 5, figs 
6-8) and without (Procedure 3b; Pl. 5, figs 1-5) embedding 
them in the resin before cutting, which was done with 
a low speed saw with a thin diamond blade. The valve 
sections were then smoothed with an automatic grinding 
machine using 400 SiC powder and then manually with 
1000 SiC powder. After a careful washing with water to 
remove SiC remains, they were etched with 5% HCl for 
15 seconds.

RESULTS

Hydrochloric acid effect
To better understand the effect of HCl on brachiopod 

shells, valve sections were immersed in the acid for 
different times (0, 3, 15 and 30 seconds; Procedure 1a). 
Valve sections not exposed to HCl appeared completely 
covered by SiC powder residues, so the fabric was not 
clearly visible (Pl. 1, fig. 1; Pl. 3, fig. 1). After a 3 seconds 
exposure to HCl, the valve surface was cleaned from SiC 
remains and the fabric was distinct (Pl. 1, figs 2-4; Pl. 2, 
figs 1-8; Pl. 3, figs 2-16; Pl. 4, figs 1-7). A 15 seconds 
exposure caused a corrosion of the fiber surfaces (Pl. 1, 
figs 5-6; Pl. 4, fig. 8), which became more pronounced in 
the shells undergone a 30 seconds exposure to HCl (Pl. 
1, figs 7-8). 

Removal of the organic matrix and resin embedding 
In the valve sections that were not treated with H2O2 or 

bleach (Procedures 1a and 2c), the OM was abundant and 
formed coverages and/or filaments which did not allow to 
clearly distinguish the fabric (Pl. 1, figs 3-8; Pl. 3, figs 2-4; 
Pl. 4, figs 1, 4, 7-8). These coverages/filaments occurred 
both in the specimens embedded in araldite (Procedure 
2c, Pl. 3, figs 2-4; Pl. 4, figs 4, 7) and in the ones without 
the resin (Procedure 1a, Pl. 1, figs 1-8; Pl. 4, figs 1, 8). 
We observed the same situation in shells treated with 
bleach or H2O2 (Procedures 1b, 2a, 2b) either embedded 
or not embedded in the resin (Procedures 2 and 1b); in 
this case, the sections appeared cleaner due to the effect 
of the chemical solution which dissolved the OM. No 
difference was observed between specimens embedded 
or not embedded in the resin and experimenting the same 
procedure (Pl. 4, figs 5-8).

Coverages and filaments were particularly developed 
in the secondary fibrous layer, more evident in the 
transverse sections of the fibers (Pl. 1, figs 3-8; Pl. 2, figs 
1, 3-4; Pl. 3, figs 2-10, 12-15; Pl. 4, figs 5-8), than in the 
ones with parallel/oblique orientation (Pl. 2, fig. 2; Pl. 
3, fig. 11). The primary and tertiary shell layers did not 
show any coverages/filaments of OM (Pl. 1, fig. 2; Pl. 3, 
fig. 16; Pl. 4, fig. 4). Shells treated with both H2O2 and 
bleach presented void punctae (Pl. 4, figs 2-3), sometimes 
partially filled by the araldite used to embed the specimens. 
On the contrary, shells that were not treated with chemical 
solutions showed punctae filled with OM (Pl. 4, fig. 1).

Valve sections immersed in commercial bleach (5% 
v/v) for two hours exhibited filaments of OM around the 
fibers (Pl. 2, figs 1-4); instead, the ones immersed for one 
day showed clean fibers, as the OM seemed to have been 
dissolved (Pl. 2, figs 5-8). In both treatments, the surface 
of the secondary fibers showed a low grade of dissolution.

Shell sections treated with 36 volume H2O2 for two 
hours still had filaments of OM around the fibers (Pl. 
3, figs 5-6). After one day of immersion in 36 volume 
H2O2, shells embedded (Procedure 2b) or not in the resin 
(Procedure 1b), showed a low content in OM and thus a 
cleaner surface where it was possible to detect the shape 
of the fibers (Pl. 3, figs 7-8, 13-14, 16; Pl. 4, figs 2, 5-6). 
In this latter procedure, the surface of the fibers was not 
smooth, but showed a certain degree of dissolution (Pl. 3, 
figs 7-8, 13-14; Pl. 4, figs 5-6); also, some fiber termination 
breakage occurred (Pl. 3, fig. 13). This did not happen 
to the crystallites and prisms of the primary and tertiary 
layers (Pl. 3, fig. 16). Shell sections treated with 12 volume 
H2O2 for one day showed a clean shell, but the OM was 
not totally dissolved (Pl. 3, figs 9-10). After three days 
of immersion, the shells showed no coverages/filaments 
and the morphology of the fabric was distinct (Pl. 3, figs 
11-12, 15; Pl. 4, fig. 3); using this method the surface of 
the fibers was slight dissolved (Pl. 3, fig. 15).

Fossil shells
Fossil shell sections were not treated with diluted 

bleach or hydrogen peroxide as their shell usually do not 
contain OM. In fact, fossil shells not embedded in resin 
(Procedure 3b) showed no filaments or coverages of OM 
around and above the fibers of the secondary layer, besides 
displaying void punctae (Pl. 5, figs 1-5). On the contrary, 
fossil shells embedded in the resin (Procedure 3a) showed 
some punctae filled by the resin (Pl. 5, fig. 6); however, 
this filling was not present around the secondary fibers 

EXPLANATION OF PLATE 4

SEM images of sections of Liothyella uva and L. neozelanica, comparing specimens treated (Figs 2-3, 5-6) vs not treated (Figs 1, 4, 7-8) with 
H2O2, and embedded (Figs 3-5, 7) vs not embedded (Figs 1-2, 6, 8) in the resin.

Figs 1-3 - Valve sections prepared with Procedures 1a (Fig. 1), 1b (Fig. 2) and 2b (Fig. 3), showing a puncta penetrating the fibers of the 
secondary layer. The valve section illustrated in Fig. 1 (LN) was not treated with H2O2 and it shows a puncta filled with OM. 
Specimens figured in Figs 2 (LN-U) and 3 (LUH1-E) were immersed in H2O2 ; in this case the puncta is void, lacking OM.

Fig. 4 - Resin, no H2O2 treatment (Procedure 2c); tertiary layer showing no coverages/filaments (LZ).
Figs 5-6 - Comparison between two valve sections, prepared with Procedures 2b (Fig. 5: LZ-P) and 1b (Fig. 6: LN-A); in both cases no 

coverages/filaments are observable.
Figs 7-8 - Comparison between two valve sections, prepared with Procedures 2c (Fig. 7: LUV) and 1a (Fig. 8: LN); the results of both 

procedures are similar, coverages/filaments are clearly observable.
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(Pl. 5, figs 7-8). The scheduled time of shell etching (15 
seconds) did not cause damage or corrosion of the fabric.

DISCUSSION

How to remove the organic matrix in recent brachiopod 
shells?

In preparing recent shells for SEM analyses, the main 
problem is the removal of the coverages and filaments 
that obscure the details of the fabric, particularly that of 
the secondary layer. These coverages/filaments could be 
produced either by the resin, which penetrates inside the 
shell substance from the surface of the section, or by the 
OM within the shells. The comparison between valve 
sections embedded in araldite (Procedure 2c; Pl. 3, figs 
1-4; Pl. 4, figs 4, 7) with those that were not embedded 
(Procedure 1a; Pl. 1, figs 1-8; Pl. 4, figs 1, 8) pointed out 
in both cases the presence of abundant coverages/filaments 
around the fibers of the secondary layer, suggesting that 
they were rather produced by OM than by araldite. To 
definitely exclude the resin as the primary producer of 
the coverages/filaments, we also analysed the degree of 
penetration of the araldite into the shells of fossil T. scillae, 
which do not contain OM (Procedures 3a, 3b; Pl. 5, figs 
1-8). We noticed that the resin penetrated only inside the 
void punctae (Pl. 5, fig. 6), but not within the empty spaces 
left by the decomposition of OM around the secondary 
fibers; also, no kind of structure similar to the coverages 
and filaments observed in recent specimens was found 
in the fossil shells when embedded in araldite (Pl. 5, figs 
6-8). Therefore, we concluded that the coverages/filaments 
noted in recent brachiopods were caused by the abundant 
OM present in the shells and not by the resin used to embed 
the specimens. If not fixed or dissolved with appropriate 
chemical solutions, OM represents an obstacle to examine 
shell microstructures at the SEM.

Coverages/filaments of OM, occurring in recent 
brachiopod shells, were more evident in the fibrous 
secondary layer and they were particularly abundant when 
fibers appeared in cross sections (Pl. 1, figs 3-8; Pl. 2, 
figs 1-4; Pl. 3, figs 2-6, 9-10; Pl. 4, fig. 7); in the primary 
and tertiary layers, OM was not detected at this scale of 
analysis (Pl. 1, fig. 2; Pl. 3, fig. 16; Pl. 4, fig. 4). These 
observations can be explained with the different content in 
OM of the fabric of the three shell layers. The secondary 
layer has a high OM content, both intercrystalline and 
intracrystalline (e.g., Cusack et al. in Williams et al., 1997; 
Gaspard, 2007; Pérez-Huerta et al., 2009; Schmahl et al., 
2012). Fibers cut in transverse section show a preferential 
orientation which allow to better expose the organic 

membranes which surround each fibers; this does not 
occur in fibers with parallel or oblique orientation. The 
primary and tertiary layers have, instead, a lower OM 
content; in fact, they do not exude organic sheets between 
primary crystallites or tertiary prisms (Williams et al., 
1997; Schmahl et al., 2012). In having a higher organic 
content, coverages/filaments of OM were more developed 
in the secondary layer.

In order to highlight the microstructure of the shell 
by removing OM from the secondary layer, we tried 
different procedures, using bleach and hydrogen peroxide 
(Procedures 2a and 2b). The treatments with diluted 
commercial bleach for two hours, 36 volume H2O2 for two 
hours and 12 volume H2O2 for one day were not enough 
to dissolve the OM within the shells; in fact filaments of 
OM still occurred around the fibers (Pl. 2, figs 1-4; Pl. 
3, figs 5-6, 9-10). We did not record strong differences 
when we immersed the valve sections either in bleach 
for one day, 36 volume H2O2 for one day or 12 volume 
H2O2 for three days; in all these procedures, shells resulted 
clean and showed only a few OM filaments (Pl. 2, figs 
5-8; Pl. 3, figs 7-8, 11-16; Pl. 4, figs 2-3, 5-6). However, 
the treatments with H2O2 and bleach for prolonged time 
intervals (bleach for one day, 36 volume H2O2 for one 
day and 12 volume H2O2 for three days) caused a slight 
dissolution of the surface of the secondary fibers (Pl. 3, 
figs 13-15); in contrast, the crystallites and prisms of the 
primary and tertiary layers did not exhibit dissolution (Pl. 
3, fig. 16). This differential degree of dissolution of the 
three shell layers, is due to their different OM content. Due 
to its higher content in OM, the secondary layer is more 
affected by the effects of chemical solutions, such bleach 
and H2O2 attacking OM; these chemicals, in dissolving 
intercrystalline OM, leave a depression in correspondence 
of the attachment sites of the organic membranes on the 
surface of the fibers, producing dissolution. In addition, 
these chemical solutions can penetrate inside the fiber 
itself, dissolving the intracrystalline matrix and causing 
also some fiber termination breakage (Pl. 3, fig. 13). In any 
case the degree of dissolution observed was not so high to 
compromise the shape of the fiber and thus to prevent to 
obtain correct information from the analysis of the shell 
fabric at the SEM.

In testing the different procedures used to remove OM, 
we noted that shell sections of L. uva seemed more difficult 
to clean than the ones belonging to L. neozelanica, despite 
the use of the same preparation technique. We suggest 
that the different response of the two species to the same 
preparation procedure is due to their different shell fabric. 
L. uva has only a primary and a secondary layer, whereas 
L. neozelanica has a primary, a secondary and also a tertiary 

EXPLANATION OF PLATE 5

SEM images of shell fossil sections of specimens belonging to Terebratula scillae prepared with Procedures 3a (Figs 6-8) and 3b (Figs 1-5).

Figs 1-4 - No resin; fibers of the secondary layer showing no OM around the fibers (STG4-1).

Fig. 5 - No resin; void punctae in the secondary layer, indicating the absence of OM (STG4-2).
Fig. 6 - Resin; puncta filled by the araldite used to embed the specimen before cutting; note that the resin is present only inside the puncta 

and not around the fibers, suggesting that it cannot penetrate these minute spaces (STG4-1).
Figs 7-8 - Resin; fibers of the secondary layer showing no araldite filling around the fibers (STG4-1).
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layer (Peck et al., 1997; Williams et al., 1997). Almost all 
the shell of L. uva consists of secondary layer which, as 
said above, is OM richer; the shell of L. neozelanica is, on 
the other hand, mostly composed by prisms of the tertiary 
layer, which are OM poor. The higher OM content of the 
shell of L. uva, already reported by Watson et al. (2012), 
resulted in a greater difficulty to clean it.

Which is the best method to reveal the details of the shell 
fabric?

In this paper, we tested different procedures for SEM 
sample preparation, with the aim to identify the best 
method to reveal the details of the fabric in recent and 
fossil brachiopod shells. The methods here described, both 
for recent and fossil shells, have as a starting point the ones 
illustrated in the past literature (Taddei Ruggiero, 1983; 
Benigni, 1985; Curry et al., 1991; Samtleben et al., 2001; 
Parkinson et al., 2005; Cusack et al., 2008; Angiolini et al., 
2009; Garbelli et al., 2012; Zaky et al., 2015). However, 
as these methods were not sufficiently described, it was 
essential to identify a general protocol for the preparation 
of brachiopod shells specifically for SEM investigation.

Hereafter, we present and discuss the necessary steps 
to prepare the shells for the SEM in order to have high 
quality images of the microstructures.

1. Resin embedding: this step is important to give 
strength to valves to avoid shell breakage during cutting, 
both for recent and fossil specimens (especially delicate 
ones). As the resin could penetrate inside the void punctae 
of terebratulid brachiopods, the embedding is useful for 
specimens used strictly for SEM evaluation, whereas 
not embedded specimens may be used for geochemical 
investigation.

2. Removal of the OM: this step needs to be done 
only for recent specimens. As observed in the previous 
paragraphs, the best method to dissolve OM in the shells is 
to use Procedures 2a and 2b at the higher time of exposure 
(bleach for one day, 36 volume H2O2 for one day and 12 
volume H2O2 for three days), although this causes a slight 
dissolution of the fiber surfaces; however, this does not 
compromise the morphology of the fabric and the analysis 
of the microstructures at the SEM. Less time of immersion 
in these solutions (bleach for two hours, 36 volume H2O2 
for two hours and 12 volume H2O2 for one day) does not 
guarantee an adequate cleaning of the shells from OM, as 
the coverages and filaments are still abundant. After these 
treatments, shells need to be washed with distilled water.

3. Smoothing with SiC (Silicon Carbide): this step 
is essential to get high quality SEM images; it has to be 
done very carefully, employing SiC with two different 
granulometries. The coarser one (400) is the first to be 
used; it allows to remove the scratches left on the shell 
surface by the blade during the cutting. The finer one 
(1000) is necessary to complete the smoothing in order 
to have a valve section devoid of all the signs left by the 
blade. After the smoothing, shells need to be rinsed with 
distilled water to remove SiC residues.

4. HCl etching: this is an essential step to remove the 
mechanically disturbed surface layer - due to SiC residues- 
but also to highlight the details of the microstructure. 
For recent brachiopod shells 3 seconds represents the 
appropriate time of etching, as it does not cause corrosion 
in the mineralised layers. Longer exposures to 15 and 30 

seconds cause a strong corrosion of the shell, damaging 
the fabric. Fossil shells are not as fragile as the recent 
ones; 15 seconds of HCl etching is the right time to use, 
as it does not cause modifications to the fabric. After 
etching, shell sections have to be immediately rinsed 
with abundant water to stop the effect of the acid and 
dried with compressed air, being careful not to damage 
the microstructure highlighted by the acid.

5. Gold coating and SEM analysis of the specimens.

CONCLUSION

The study of invertebrate shell microstructures at 
the SEM provides invaluable information in different 
fields of palaeontology, from the comprehension of 
evolutionary taxonomy and of biomineralisation processes 
to the detection of shell diagenetic alteration. However, 
only few and scattered data on how to prepare and clean 
invertebrate shells for SEM analyses have been published 
up to now. Here, after having undertaken, compared and 
tested different methods, we establish which is the best 
protocol to follow in preparing shells for SEM analyses. 
Procedures 2a (resin, bleach for one day, 400 and 1000 
SiC, HCl 3 seconds) and 2b (resin, 36 volume H2O2 for 
one day or 12 volume H2O2 for three days, 400 and 1000 
SiC, HCl 3 seconds) are the best methods to study recent 
brachiopods, whereas in the case of fossil shells the best is 
Procedure 3b (resin, 400 and 1000 SiC, HCl 15 seconds).

This paper, besides identifying the best method to 
prepare recent and fossil shells for SEM analyses, wants 
to stress the importance of accurately describing in detail 
sample preparation procedures; sample preparation is, in 
fact, the first important step to do before performing any 
kind of study: besides risking to compromise the analysis 
if not properly executed, it should be disseminated and 
easily accessible to the scientific community.
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